Morphine, and other opiates, are indispensable in the treatment of moderate to severe postoperative and chronic pain, but use of these drugs is plagued by the development of two major problems: tolerance and hyperalgesia^[@R1]^. Tolerance is characterized by a progressive lack of response to morphine that can be overcome by increasing the dose, while hyperalgesia is a sensitization process in which opioids, paradoxically, cause pain hypersensitivity^[@R2]^. Commonly-held views are that tolerance and hyperalgesia reflect a single underlying cellular and molecular mechanism^[@R3],[@R4]^.

The spinal dorsal horn (SDH) of the spinal cord is a main site of action for the analgesic effects of morphine and other opiates, and has been implicated in morphine-induced hyperalgesia (MIH) and tolerance^[@R5],[@R6]^. Within the SDH nociceptive information is received from sensory fibers, processed and relayed to brain areas involved in mediating the sensory and emotional aspects of pain^[@R7]^. Nociceptive processing involves neuron-neuron and neuron-glia interactions through multiple facilitatory and inhibitory signaling cascades regulating the final output of the pain signaling networks. But how morphine acts on these networks in the SDH to produce hyperalgesia or tolerance remains enigmatic.

In the SDH, lamina I (L~I~) neurons comprise one of the principal output pathways to the brain^[@R8]--[@R10]^. These neurons are central targets for opioid analgesia^[@R5]^, which inhibit their activity. Conversely, increasing the output in this pathway is implicated as a neuronal substrate underlying morphine tolerance and hyperalgesia^[@R6],[@R9]^. Spinal nociceptive output is not only increased by enhanced excitation but also by diminished inhibition^[@R10]^ and the latter has recently been implicated as a substrate of several chronic pain conditions^[@R11]^. Although morphine causes analgesia via inhibition in the SDH, here we set out to explore the seemingly counterintuitive concept that morphine may also cause disinhibition, the latter being the neuronal substrate for hyperalgesia and/or tolerance.

We show that morphine induced hyperalgesia via a P2X4R-BDNF-KCC2 disinhibition cascade between microglia and SDH neurons. Interfering with the principal nodes in the cascade suppresses hyperalgesia but has no effect on tolerance. The disinhibition resulted from impaired Cl^−^ extrusion in L~I~ neurons. Pharmacological blockade of P2X4Rs reversed hyperalgesia and mouse lacking these receptors did not develop hyperalgesia. Similarly hyperalgesia was reversed by blocking BDNF-TrkB signaling and did not develop in mice lacking BDNF in microglia. Finally, restoring hyperpolarizing inhibition reversed morphine hyperalgesia. Our findings thus define the signaling pathway underlying MIH, opening avenues to specifically prevent this highly deleterious effect of morphine without affecting its analgesic action.

Results {#S1}
=======

To determine whether there is a common or separate mechanism for tolerance and hyperalgesia, we used a differential testing paradigm in rats treated with morphine sulphate (10 mg/kg subcutaneous) twice daily over 7 days. Morphine antinociception was measured by testing thermal withdrawal threshold 1 h after each morning injection (*n* = 14; *P* \< 0.001; [Fig. 1a](#F1){ref-type="fig"}). While morphine induced a significant increase in thermal withdrawal threshold at that time point on day 1, the antinociception was significantly reduced within 3 days of treatment (*P* \< 0.001; [Fig. 1a](#F1){ref-type="fig"}). By day 5, morphine had no effect on withdrawal threshold, indicating that the animals were tolerant to antinociceptive effects of morphine. Development of hyperalgesia was assessed separately by testing animals just prior to each morning injection of morphine ([Fig. 1b--c](#F1){ref-type="fig"}). We found a progressive decrease in withdrawal threshold over the course of 5--7 days of morphine treatment (*n* = 14; *P* \< 0.001), but not with saline injections (*n* = 10; *P* \> 0.05; [Fig. 1b--c](#F1){ref-type="fig"}), indicating the development of pain hypersensitivity in these animals. Pain hypersensitivity was also shown by increased responses to nociceptive stimulation: vocalizations in response to the subcutaneous injections (*n* = 7; *P* \< 0.05; [Fig. 1d](#F1){ref-type="fig"}) and licking behaviour after thermal stimulation (*n* = 7; day 7, *P* \< 0.05; [Fig. 1e](#F1){ref-type="fig"}) were increased by repeated morphine treatment. In contrast, no change in motor performance was observed using the accelerating rotarod test ([Fig. 1f](#F1){ref-type="fig"}) indicating that the decrease in withdrawal thresholds was not due to altered motor activity. That the time course for the development of hyperalgesia is different from tolerance raised the possibility of distinct underlying mechanisms.

MIH is due to altered Cl^−^ homeostasis {#S2}
---------------------------------------

Disinhibition through disrupting Cl^−^ homeostasis is one mechanisms for increasing the output of L~I~ neurons in the SDH^[@R12],[@R13]^. Therefore, we investigated whether morphine caused altered Cl^−^ homeostasis in L~I~ neurons. We measured Cl^−^ extrusion capacity of these neurons in spinal cord slices isolated from rats receiving either saline or morphine injections for 7 days ([Fig. 2a--b](#F2){ref-type="fig"})^[@R14]^. Upon applying an intracellular Cl^−^ load we found that E~GABA~ in morphine-treated rats (−42.3 ± 1.3 mV, *n* = 6) was significantly more depolarized compared to saline-treated rats (−50.1 ± 2.2 mV, *n* = 5; *P* \< 0.05; [Fig. 2d](#F2){ref-type="fig"}). Because hyperalgesia may also develop within hours of high dose treatments^[@R15]^, we incubated spinal cord slices from naïve rats with 1 μM morphine for 3 h. *In vitro* morphine also caused a significant shift in E~GABA~ (control *n* = 6; morphine *n* = 12; *P* \< 0.01; [Fig. 2c--d](#F2){ref-type="fig"}). Thus, both repeated and high-dose morphine treatment impair Cl^−^ extrusion in L~I~ neurons.

To separately test whether morphine weakens Cl^−^ extrusion, we used an established paradigm involving collapse of the Cl^−^ gradient during trains of evoked inhibitory postsynaptic currents (eIPSCs)^[@R16]^. The contribution of Cl^−^ accumulation to activity-dependent depression of synaptic activity was determined by stimulating inhibitory transmission while holding the membrane potential either above (0 mV) or below (−90 mV) E~Cl~^[@R16]^. When holding at −90 mV the rate of decrease of eIPSC amplitude depends on activity-dependent synaptic depression, whereas at 0 mV the rate of decrease reflects synaptic depression plus postsynaptic Cl^−^ accumulation^[@R16]^. Morphine did not affect the rate of synaptic depression at −90 mV ([Fig. 2e](#F2){ref-type="fig"}; *P* \> 0.05), consistent with the lack of presynaptic μreceptor expression in spinal inhibitory interneurons^[@R17]^. In contrast, the decrease in eIPSC amplitude at 0 mV was faster after morphine ([Fig. 2f](#F2){ref-type="fig"}; CTR: *n* = 6; MS: *n* = 4; *P* \< 0.05). The differential effect of morphine at 0 mV *vs* −90 mV indicates that morphine caused increased Cl^−^ accumulation. Thus, morphine weakened Cl^−^ extrusion as measured with Cl^−^ loaded either tonically through the patch pipette or phasically through synaptic receptors.

Further evidence of a collapse in Cl^−^ gradient in neurons exposed to morphine was found in the responses to exogenous GABA applied in presence of physiological \[Cl^−^\]~i~ in cells held near the resting potential (−60 mV; [Fig. 2g](#F2){ref-type="fig"}). In these neurons GABA evoked a biphasic response -- an initial outward current followed by a shift to an inward current ([Fig. 2g](#F2){ref-type="fig"}) as previously described in neurons with impaired Cl^−^ extrusion capacity^[@R14],[@R18]^. In contrast, in L~I~ neurons not exposed to morphine, the response to GABA remained outward at − 60 mV ([Fig. 2g](#F2){ref-type="fig"}). The inward component of the response to GABA has been associated with outward flux of HCO~3~^−^ becoming predominant when the Cl^−^ gradient collapses, yielding a progressive depolarizing shift in E~GABA~^[@R14],[@R19],[@R20]^. To determine whether this was the case in neurons exposed to morphine, we bath-applied acetazolamide (ACTZ, 50 μM), a cell-permeant inhibitor of carbonic anhydrase, the enzyme responsible for generating HCO~3~^−^ intracellularly^[@R20]^. In the presence of ACTZ the GABA response remained outward, yielding a 10 mV hyperpolarizing shift in E~GABA~, measured 1 s after the onset of the GABA puff ([Fig. 2g](#F2){ref-type="fig"}). These findings are consistent with ACTZ lowering the generation of HCO~3~^−^ resulting in an activity-dependent depletion of HCO~3~^−^, and ensuing loss of HCO~3~^−^ efflux, during the GABA response^[@R20]^ ([supplementary Fig. 1](#SD1){ref-type="supplementary-material"}).

Preventing the progressive shift in E~GABA~ in neurons with impaired Cl^−^ extrusion has been found to substantially restore inhibition^[@R19],[@R21]^. Thus, ACTZ may mitigate the impact of the morphine-induced collapse in Cl^−^ gradient, rescuing the impairment of inhibition. We therefore tested the effects of intrathecal administration of ACTZ in rats with established hyperalgesia after 7--9 days of morphine-treatment. ACTZ administration reversed morphine-induced mechanical and thermal hypersensitivity ([Fig. 2h](#F2){ref-type="fig"}). We conclude that ACTZ reversed the hyperalgesia by reducing HCO~3~^−^-mediated inward current thereby restoring E~GABA~. Taken together, our findings indicate that altered anion homeostasis underlies MIH.

Morphine reduces Cl^−^ transport and KCC2 expression {#S3}
----------------------------------------------------

In adult L~I~ neurons, Cl^−^ homeostasis is mainly regulated by the K^+^-Cl^−^ cotransporter, KCC2^[@R12],[@R22]^. We therefore determined the effect of repeated morphine treatment on spinal KCC2 expression. After 7 days of morphine treatment there was a significant decrease in KCC2 immunoreactivity in L~I~ of morphine-treated (*n* = 5, 103.4 ± 5.8, intensity units -- i.u.) as compared with saline treated rats (*n* = 5, 191.2 ± 5.8 i.u.; *P* \< 0.01; [Fig. 3a](#F3){ref-type="fig"}). Concordantly, KCC2 protein levels in SDH homogenates were reduced by morphine ([Fig. 3b](#F3){ref-type="fig"}). As KCC2 oligomerization may be critical for transporter function^[@R23]^, we analyzed the KCC2 oligomer/monomer ratio in the absence of detergents and found that the ratio was significantly reduced in the SDH of morphine-treated rats (*n* = 8 control; *n* = 9 morphine-treated rats; *P* \< 0.05; [Fig. 3c](#F3){ref-type="fig"}). In contrast, morphine had no effect on KCC2 expression or oligomer/monomer ratio in the spinal ventral horn ([Fig. 3b--c](#F3){ref-type="fig"}). Thus, the morphine-induced impairment in Cl^−^ homeostasis in L~I~ neurons may result from loss of the oligomeric form of KCC2 in these cells.

To test whether total KCC2 activity in L~I~ neurons is affected by morphine, we examined the transporter activity in reverse mode^[@R24]^ by measuring K^+^-driven uptake of Cl^−^. We performed intracellular Cl^−^ imaging and stepped extracellular K^+^ from 2.5 mM to 15 mM in control or morphine-treated slices (1μM for 3 h) ([Fig. 3d--e](#F3){ref-type="fig"}). The rate of Cl^−^ accumulation was significantly slower in morphine-treated neurons (*n* = 8, 0.32 ± 0.04 (%ΔF/F)/s) than in controls (*n* = 8, 0.54±0.2 (%ΔF/F)/s, *P* \< 0.05; [Fig. 3e](#F3){ref-type="fig"}). These data indicate that morphine impairs Cl^−^ homeostasis by reducing KCC2-mediated Cl^−^ transport.

MIH, but not tolerance, requires spinal microglia {#S4}
-------------------------------------------------

Because microglia have been implicated in disrupting Cl^−^ homeostasis in L~I~ neurons^[@R22],[@R25]^ we questioned whether MIH may differentially depend upon spinal microglia. We found that repeated morphine induced an increase in immunoreactivity for CD11b, which is specifically expressed by microglia in the CNS ([Fig. 4a](#F4){ref-type="fig"}), indicating that spinal microglia respond to morphine treatment. To determine whether spinal microglia are required for morphine tolerance or hyperalgesia, we depleted microglia in the spinal cord of morphine-treated rats using intrathecal injection of a saporin-conjugated anti-mac1 antibody^[@R26]^ ([Fig. 4b](#F4){ref-type="fig"}). Intrathecal injections were begun at day 7, when both pain hypersensitivity and morphine tolerance had been established. Within 2 days, saporin-conjugated anti-mac1 (20--36 μg), but not saporin alone (20 μg), reversed morphine-induced thermal pain hypersensitivity (*n* = 6 saporin-treated and *n* = 7 anti-mac1 saporin-treated; *P \<* 0.01; [Fig. 4c](#F4){ref-type="fig"}). Saporin-conjugated anti-mac1 also reversed morphine-induced mechanical allodynia (mechanical threshold at day 7 of morphine injection: 0.4 ± 0.1 of the baseline, *n* = 5; mechanical threshold at day 8 of morphine injection following intrathecal anti-mac-1 saporin administration: 1.2 ± 0.3 of the baseline, *n* = 5; *P* \<0.05). In contrast, saporin-conjugated anti-mac1 had no effect on morphine tolerance (*P \>* 0.05; [Fig. 4d](#F4){ref-type="fig"}). Thus, we conclude that microglia in the SDH are necessary for the ongoing expression of hyperalgesia but not for tolerance caused by repeated morphine treatment.

To determine whether morphine-treated microglia are sufficient to produce pain hypersensitivity we used an *in vivo* microglia transfer approach^[@R22],[@R27]^. Microglia in primary culture were chronically treated with morphine and then injected intrathecally at the lumbar spinal level in naïve rats ([Fig. 5a](#F5){ref-type="fig"}). We found that mechanical withdrawal threshold was markedly decreased after intrathecal administration of morphine-treated microglia (*n* = 7; *P* \< 0.001; [Fig. 5a](#F5){ref-type="fig"}). By contrast, mechanical withdrawal threshold was unaffected by saline-treated microglia. Thus, morphine-treated microglia are sufficient to cause pain hypersensitivity in naïve animals.

Microglial P2X4 receptors are required for MIH {#S5}
----------------------------------------------

Pain hypersensitivity produced by microglia critically depends on P2X4 receptors (P2X4Rs) ^[@R27]^ suggesting that morphine-induced pain hypersensitivity may require microglial P2X4Rs. We found that the decrease in withdrawal threshold produced by transferring morphine-treated microglia was prevented by TNP-ATP, an antagonist at P2X1,2,3,4Rs, but not by PPADS, an antagonist at P2X1,2,3,5,7Rs^[@R27]^, implicating P2X4Rs in the expression of the pain hypersensitivity evoked by morphine-treated microglia ([Fig. 5a](#F5){ref-type="fig"}). Moreover, we found that repeated morphine treatment caused no change in thermal and mechanical withdrawal threshold, licking time or vocalization in *P2rx4* null mutant mice (*P2rx4^−/−^*; [Fig. 5b--d](#F5){ref-type="fig"}) but *P2rx4^+/+^* mice developed multiple signs of pain hypersensitivity in response to morphine ([Fig. 5b--d](#F5){ref-type="fig"}). Thus, P2X4Rs are required for the development of hyperalgesia. To test whether P2X4Rs are also necessary for the ongoing expression of hyperalgesia we administered TNP-ATP (30 nmol) intrathecally in morphine-treated animals. We found that TNP-ATP reversed the decrease in thermal withdrawal threshold that had developed after 7 days of morphine ([Fig. 5e](#F5){ref-type="fig"}), without affecting morphine tolerance ([Fig. 5f](#F5){ref-type="fig"}). In another series of experiments, intrathecal TNP-ATP also reversed established mechanical allodynia in morphine-treated rats ([Fig. 5g](#F5){ref-type="fig"}).

As our findings indicate that P2X4Rs are required for the development and ongoing expression of hyperalgesia caused by morphine we questioned whether morphine treatment may increase expression of P2X4Rs, which is normally at a low level in the naïve CNS^[@R27],[@R28]^. In the *P2rx4^−/−^*mice, where the *P2rx4* gene was replaced with *lac z*, we found a greater X-gal signal in the spinal cord of morphine- than in saline-treated animals ([Fig. 5h](#F5){ref-type="fig"}). Moreover, we found that repeated morphine treatment increased P2X4R protein in wild type animals (illustrated below). To determine whether morphine may act directly on microglia we used primary microglia cultures and found that chronic morphine treatment caused an increase in P2X4R protein level ([Fig. 5i](#F5){ref-type="fig"}). These receptors were functional as indicated by morphine-induced increase in P2X4R-mediated currents ([Fig. 5j](#F5){ref-type="fig"}) and Ca^2+^ responses (see below). Thus, MIH depended upon P2X4Rs, and morphine caused an increase in *P2rx4* gene expression autonomously in microglia.

MIH, but not tolerance, requires microglial BDNF {#S6}
------------------------------------------------

Stimulation of P2X4Rs in microglia evokes release of brain derived neurotrophic factor (BDNF)^[@R22],[@R29],[@R30]^ known to downregulate KCC2 expression in adult neurons^[@R31]^. Therefore, we wondered whether morphine may cause a P2X4R-dependent release of BDNF from microglia. We found that after chronic treatment, morphine caused release of BDNF from primary microglia cultures ([Fig. 6a](#F6){ref-type="fig"}). The morphine-evoked release of BDNF was blocked by TNP-ATP but unaffected by PPADS ([Fig. 6a](#F6){ref-type="fig"}). BDNF release was also blocked by the ATP-degrading enzyme apyrase ([Fig. 6a](#F6){ref-type="fig"}), indicating that morphine causes release of BDNF through ATP-mediated stimulation of P2X4Rs. The mechanical hypersensitivity evoked by morphine-treated microglia was prevented by a BDNF-sequestering fusion protein (TrkB-Fc)^[@R32]^, but not by the control peptide IgG-Fc ([Fig. 6b](#F6){ref-type="fig"}). Altogether our findings indicate that morphine causes P2X4R-dependent release of BDNF from microglia which is sufficient to cause pain hypersensitivity.

We then addressed whether BDNF, and signaling through its cognate receptor TrkB, is necessary for morphine-induced impairment in Cl^−^ extrusion capacity of L~I~ neurons and ensuing hyperalgesia. The shift in E~GABA~ induced by morphine treatment was prevented by co-incubation with the function blocking anti-TrkB antibody ([Fig. 6c--d](#F6){ref-type="fig"}). To determine whether BDNF-TrkB signaling is required for the ongoing expression of MIH, we tested the effects of intrathecal injections of the anti-TrkB antibody. Anti-TrkB produced a gradual reversal of thermal hyperalgesia over 3 days in rats treated with morphine for 7 days, comparable to that obtained by ACTZ treatment (see above and [Fig. 6e](#F6){ref-type="fig"}); however, neither anti-TrkB nor ACTZ affected morphine antinociception ([Fig. 6f](#F6){ref-type="fig"}), indicating that BDNF and associated disrupted Cl^−^ homeostasis are required for ongoing expression of MIH, but not tolerance.

To determine whether the requisite BDNF is released from microglia we used gene-targeted mice in which BDNF was deleted in microglia. These mice were generated by crossing animals expressing Cre recombinase under the control of the CD11b promoter (CD11b-Cre^+^) with those in which exon 5 of the BDNF gene, that encodes the BDNF protein, was flanked by LoxP sites (LoxBDNF) yielding CD11b-Cre^+^/LoxBDNF mice^[@R33],[@R34]^. Lumbar spinal activity of the CD11b-Cre transgene was verified by crossing mice with Rosa26 mice that ubiquitously express the β-galactosidase (β-Gal) transgene^[@R33]^. Microglia, but not neurons or astrocytes, expressed β-gal in Rosa26/CD11b-Cre^+^ mice. In addition, Cre expression was detected only in cells that stained for the microglial markers iba-1 and CD11b (Beggs et al., in preparation). No differences in mechanical nociceptive behaviour were observed between CD11b-Cre^+^/LoxBDNF mice (1.5 ± 0.2 g, *n*=7) and their littermate LoxBDNF controls (1.5 ± 0.2 g, *n*=7; *P*\>0.05). However, only LoxBDNF mice developed robust hyperalgesia upon repeated morphine, whereas no change in mechanical withdrawal threshold, licking time, or vocalization was found in CD11b-Cre^+^/LoxBDNF ([Fig. 7a--c](#F7){ref-type="fig"}). CD11b-Cre^+^/LoxBDNF mice and LoxBDNF mice were indistinguishable in the following parameters: peak antinociceptive response to a single dose of morphine ([Fig. 7d](#F7){ref-type="fig"}); progressive increase in ED50 to escalating morphine doses; shift in the morphine dose-response curve following 5 days of morphine treatment ([Fig. 7e](#F7){ref-type="fig"}); and expression of naloxone-precipitated signs of withdrawal ([Fig. 7f](#F7){ref-type="fig"}). Thus, acute morphine antinociception, tolerance and withdrawal behavior were not altered in the CD11b-Cre^+^/LoxBDNF mice. We conclude that BDNF specifically from microglia is required for the hyperalgesia induced by morphine.

Both μ-dependent and μ-independent signaling are necessary {#S7}
----------------------------------------------------------

The simplest cascade of events accounting for our findings is that the hyperalgesia induced by morphine is driven by increased expression of P2X4Rs in microglia leading to release of BDNF that acts through TrkB receptors to downregulate functional expression of KCC2 with subsequent disruption of Cl^−^ homeostasis in L~I~ neurons. This raises the question of what are the direct molecular targets of morphine and their location, or locations, in this core pathway. The direct molecular target for morphine-induced analgesia are the well-known seven transmembrane isoforms of the μ opioid receptor^[@R35]^. Expression of μ receptors is evident in spinal microglia^[@R36]^ ([supplementary Fig. 2](#SD1){ref-type="supplementary-material"}). On the other hand, there is increasing evidence that the actions of morphine or its metabolites may be dependent on concurrent activation of μ receptor-independent pathways^[@R37],[@R38]^. To interrogate the possible requirement for the latter we examined the effects of stereoisomers of the opioid receptor antagonist naloxone: (−)naloxone blocks both μ-and non-μ-mediated signaling; (+)naloxone blocks only the non-μ-mediated mechanisms^[@R37]^. We found that spinally administered (+)naloxone prevented morphine hyperalgesia ([Fig. 8a](#F8){ref-type="fig"}) but did not affect the development of tolerance ([Fig. 8b](#F8){ref-type="fig"}). Moreover, (+)naloxone significantly reduced morphine-induced upregulation of CD11b ([Fig. 8c](#F8){ref-type="fig"}) and prevented the shift in E~GABA~ in L~I~ neurons in spinal slices treated with morphine (*n* = 8; *P \>* 0.05; [Fig. 8d](#F8){ref-type="fig"}). Finally, (+)naloxone precluded the hyperalgesic action of intrathecal administration of morphine-treated microglia ([Fig. 8e](#F8){ref-type="fig"}). Thus, μ receptor-independent signaling is essential for the microglia-neuron interactions that cause hyperalgesia.

To examine whether morphine targets specifically in microglia, we tested naloxone stereoisomers in the cultured microglia that are competent to transfer hyperalgesia. Morphine-induced increases in P2X4R expression and function in microglia cultures were blocked by (−)naloxone but were unaffected by (+)naloxone ([Fig. 8f--g](#F8){ref-type="fig"}). Similarly, the increase in spinal P2X4R expression caused by repeated morphine administration *in vivo* was prevented by (−)-naloxone but not by (+)naloxone ([Fig. 8h](#F8){ref-type="fig"}). The morphine-induced increase in microglial P2X4Rs therefore required μ opioid receptors. However, and surprisingly, morphine-evoked release of BDNF in microglia cultures with already upregulated P2X4R expression, was prevented by (+)-naloxone ([Fig. 8i](#F8){ref-type="fig"}). Thus, we conclude that, in microglia, μ receptors mediate the upregulation of P2X4Rs and a μ receptor-independent mechanism is required for the morphine-stimulated release of BDNF.

The mechanisms of μ receptor-independent signaling by morphine are not fully understood. It has been suggested that toll-like receptors 4 (TLR4) mediate morphine-induced neuroinflammatory responses^[@R39]^. To test the potential involvement of TLR4 we measured morphine-induced release of BDNF from microglia cultures in the presence of the TLR4 antagonist LPS-RS^[@R39]^. Across a range of concentrations, LPS-RS had no effect on morphine-induced release of BDNF ([Fig. 8j](#F8){ref-type="fig"}), consistent with our previous finding that LPS treatment does not induce BDNF release from microglia^[@R29]^. In addition, here we found that mice lacking functional TLR4 (C3H/HeJ) developed tactile hypersensitivity with morphine treatment that was indistinguishable from that of wild type controls (C3H/HeOuJ; [Fig. 8k](#F8){ref-type="fig"}). These findings indicate that TLR4 is not required for morphine hyperalgesia.

Discussion {#S8}
==========

Our findings define the core pathway by which morphine produces hyperalgesia, ultimately through dysregulation of Cl^−^ homeostasis in pain-signaling neurons in spinal L~I~. The most parsimonious interpretation is that this pathway is initiated by morphine acting on μ opioid receptors in SDH microglia which, through release of BDNF, signal to the L~I~ neurons causing the Cl^−^ dysregulation by driving down expression of KCC2. Although, like hyperalgesia, morphine tolerance is dependent upon μ receptors^[@R40]^, our results demonstrate that microglia and the subsequent components of the hyperalgesia pathway are not required for tolerance. That hyperalgesia and tolerance are mechanistically distinct is consistent not only with the observation that tolerance and hyperalgesia have differing clinical characteristics^[@R41]^, but also with recent findings uncovering the signaling pathways underlying morphine tolerance, which do not affect hyperalgesia^[@R42]^. Our results also indicate that the mechanism we uncovered represents a substrate of ongoing hyperalgesia induced by morphine rather than withdrawal hyperalgesia.

A key concept emerging from our findings is that morphine causes disinhibition by disrupting neuronal Cl^−^ homeostasis. Yet, morphine is thought of as causing inhibition either pre- or postsynaptically. Thus, morphine-induced spinal disinhibition is a new paradigm for actions of this drug and other opiates. We show that, in the SDH, this disinhibition leads to the paradoxical hyperalgesic action of morphine. A therapeutic avenue that follows from this finding to prevent or reverse selectively the hyperalgesia is to restore GABA~A~ and/or glycine receptor-mediated inhibition, achieved by enhancing GABA~A~ receptor activation through positive modulation such as with benzodiazepines^[@R43]^. This strategy may be of limited efficacy however given our finding that disinhibition results from dysregulation of Cl^−^ homeostasis. Indeed, if E~GABA~ is depolarized beyond a certain point, enhancing GABA~A~ transmission may become counterproductive^[@R21]^. In such condition, restoring E~GABA~ by blocking the carbonic anhydrase to attenuate the depolarizing HCO~3~^−^ component of GABA~A~/glycine-mediated currents is a potential approach to reverse morphine hyperalgesia, as it has been done to improve the antihyperalgesic potency of benzodiazepines^[@R44]^. Activity-dependent accumulation of Cl^−^ through GABA~A~ or glycine channels resulting from compromised Cl^−^ extrusion capacity will nevertheless provoke some breakdown of inhibition with the above approaches^[@R19]^. Thus, ultimately, restoring Cl^−^ extrusion capacity through enhancing KCC2 expression or activity^[@R31]^ will likely be more effective as an adjuvant therapy to chronic morphine treatment.

Disinhibition and hyperalgesia caused by morphine were mediated by upregulation of P2X4Rs in the spinal cord microglia *in vivo,* driving synthesis and release of BDNF^[@R29],[@R30]^. Morphine has been found to upregulate P2X4Rs^[@R45]^ and to induce BDNF transcription^[@R46]^ via μ receptors in microglia *in vitro*. These findings point to a role for μ receptor activation in the microglia signaling cascade leading to hyperalgesia. Yet, our results reveal unexpectedly that, while μ receptor activation causes P2X4R upregulation, μ receptor-independent signaling is necessary for the subsequent BDNF release. Unlike suggested previously^[@R39]^, our results do not support an involvement of TLR4 in this mechanism. This apparent discrepancy may be due to the much lower doses of morphine used in the present study, although more work is needed to define the underlying pharmacology. P2X4R-dependent as well as μ receptor-independent pathways represent strategic targets for the pharmacological prevention of MIH, as their activation can be blocked without interfering with μ receptor-mediated analgesia^[@R37]^.

Our results also reveal that the spinal disinhibition underlying MIH results from BDNF-TrkB signaling^[@R47]^. Inflammatory and neuropathic pain also depend on BDNF-TrkB signaling. Yet, in inflammatory pain BDNF arises from primary afferents^[@R48]^, whereas neuropathic pain hypersensitivity depends upon BDNF from microglia^[@R22],[@R30]^. In both MIH and neuropathic pain the synthesis and release of BDNF from microglia requires P2X4R upregulation^[@R29],[@R30]^ in contrast to inflammatory pain. Our results thus demonstrate that MIH shares a common aetiology with neuropathic pain.

Our results establish a unexpected commonality in mechanisms between MIH, pain hypersensitivity after peripheral nerve injury^[@R22]^ and the sequelae of spinal cord injury^[@R49]^. Altered Cl^−^ homeostasis, by causing depolarizing GABA~A~-mediated events, may also contribute to NMDA receptor plasticity^[@R12],[@R25]^, thus favoring the onset of opioid-induced LTP in spinal neurons^[@R9]^. Moreover, our findings may extend to mechanisms involved in morphine-induced drug dependence in critical reward centers of the brain. For example, BDNF causes a switch from GABA~A~-mediated inhibition to excitation --suggestive of altered Cl^−^ homeostasis-- in the ventral tegmental area in opiate-dependent rats^[@R50]^. Neuronal dysfunction in the mesolimbic reward pathways is considered a key mechanism underlying addiction. Thus, our discovery may provide a new perspective on drug dependence, as involving cross talk between microglia and neurons leading to neuronal disinhibition in key brain regions that underlie reward and addiction.

Morphine hyperalgesia can no longer be seen as an inevitable consequence of morphine analgesia or tolerance. Of particular importance to therapeutic development, we show that continuous activation of this signaling pathway is necessary to specifically maintain MIH, while it has no effect on tolerance or withdrawal signs. We demonstrate that it is possible to reverse what causes the established pain hypersensitivity, potentially alleviating opiate use liability. Importantly, this can be accomplished by targeting non-classical opioid receptors or by restoring Cl^−^ homeostasis in SDH neurons, sparing morphine analgesia mechanisms. Taken together, our findings and the recent demonstration of a distinct mechanism underlying morphine tolerance^[@R42]^ overturn the traditional dogma of the common mechanism underlying both morphine tolerance and hyperalgesia, and establish a basis for a novel approach to enhance the utility of morphine in treating chronic pain.

METHODS {#S9}
=======

Animals {#S10}
-------

Adult male mice and rats (\>P60) were used. Animals were housed under 12:12 h light/dark cycle. All experimental procedures have been performed in accordance with guidelines from the Canadian Council on Animal Care.

Chronic morphine protocol and behavioural models {#S11}
------------------------------------------------

Morphine sulphate (morphine, Sandoz, QC, Canada) was injected twice a day (9 a.m. and 6 p.m.) in Sprague--Dawley rats (10 mg/Kg), *P2rx4^+/+^* or *P2rx4^−/−^* C57BL/6 mice (Dr. Rassendren^[@R51]^, INSERM, France; escalating doses from 10 to 40 mg/Kg), CD11b-Cre^+^/LoxBDNF or LoxBDNF mice (escalating doses from 10 to 40 mg/Kg), C3H/HeOuJ (TLR4 wild type) or C3H/HeJ (functionally deficient TLR4 mutant) mice (escalating doses from 10 to 40 mg/Kg; Jackson lab., ME, USA^[@R52]^). Morphine was injected subcutaneously, unless otherwise stated. Thermal pain threshold was measured by Hargreaves plantar test prior to and 1 h after morphine injection. Morphine antinociceptive effect measured 1 h after injection in chronically treated animals is not explained by altered metabolism^[@R53]^. Mechanical pain threshold was measured prior to morphine injection by von Frey hairs, as described^[@R12]^. Values are normalized to the control. Vocalizations were monitored during subcutaneous injections and differences in the relative number of vocalizing rats (%) or in the number of vocalizations (in mice) were analysed. Licking time was measured during thermal or mechanical stimulation of the hind-paw. Motor coordination was measured by accelerating rotarod (IITC Life Science, CA, USA) prior to and 30, 60 min after morphine injections. In a subset of experiments, a morphine cumulative dose-response curve was performed on day 6 to determine morphine ED50 value. Briefly, animals were given ascending doses of morphine every 30 min and the response to morphine was assessed by the thermal tail-flick test until a maximal level of antinociception was reached. In all behavioural studies, experimenters were blind to the drug treatments and genetic profile of the animal.

Behavioural assessment of naloxone-precipitated withdrawal {#S12}
----------------------------------------------------------

Mice received intraperitoneally ascending doses of systemic morphine at 8 h intervals (day 1: 10 and 20 mg/kg; day 2: 25, 30 mg/kg; day 3: 35, 40 mg/kg; and day 4: 45, 50 mg/kg). On day 5, animals received a morning injection of 55 mg/kg and 2 h later naloxone (2 mg/kg) to precipitate withdrawal. Control animals received saline and were challenged with naloxone on day 5. Animals were acclimatized to a clear Plexiglass testing chamber 1 h prior to naloxone. Signs of withdrawal were compiled as previously described^[@R54]^. Briefly, jumping, headshakes, wet-dog shakes, and grooming behavior were evaluated at 10 min intervals for a total testing period of 30 min and a standardized score of 0 to 3 was assigned (0 = absent; 1 = 1--3 bouts; 2 = 4--6 bouts, and 3 = 7 bouts and greater). Paw tremors, piloerection, salivation, and ejaculation were also evaluated with one point being given to the presence of each sign during each 10 min interval. The number of periods showing the latter signs were then counted (maximum score of 3 per behavioural sign) and the scores added together to yield a final cumulative withdrawal score. Animals were also weighed before and after naloxone challenge and weight loss (an indicator of micturition and defecation) was calculated.

Generation of CD11b-Cre^+^/LoxBDNF mice {#S13}
---------------------------------------

Mice with microglial-lineage specific excision of BDNF were generated using the Cre-lox system. C57BL/6J mice, heterozygous for CD11b-Cre were purchased from the European Mutant Mouse Archive (provided by George Kollias, Alexander Fleming Biomedical Research Center, Vari, Greece)^[@R33]^. 129S4/SvJae mice homozygous for floxed BDNF (Bdnf^tm3Jae^/J) were purchased from Jackson (stock 00439). These mice express *loxP* sites flanking exon 5 of the BDNF gene^[@R34]^. Homozygous Bdnf^tm3Jae^/J mice were crossed with heterozygous CD11b-Cre mice and Cre expressing progeny back-crossed with homozygous Bdnf^tm3Jae^/J mice to ensure all experimental animals were homozygous for Bdnf^tm3Jae^/J and matched for background strains. Mice were genotyped by PCR analysis. CD11b-Cre^+^/LoxBDNF mice exhibit normal nociceptive responses under control conditions.

Intrathecal injections {#S14}
----------------------

In a subset of experiments (where indicated), rats were subject to drug administration via intrathecal catheters. Rats were anaesthetized with 4% isoflurane and a catheter was inserted into the intrathecal space as described^[@R55]^. Unless otherwise stated, intrathecal injections were delivered 30 min prior to subcutaneous morphine or saline injections. Animals were tested 20 min after intrathecal injection (immediately prior to morphine or saline injection) and 1 h later. At the end of the experiment, the correct placement of the catheter was verified. Drugs included saporin (20 μg) and saporin-conjugated anti-mac-1 (16--32 μg; Advanced Targeting Systems, CA, USA), anti-TrkB (30 μg; R&D Systems, MN, USA), acetazolamide (22.5 μg; Sigma, MO, USA), TNP-ATP (2′,3′-O-(2,4,6-trinitrophenyl)adenosine 5′-triphosphate, 30 nmol; Tocris, MT, USA), naloxone (5 ng; Sigma, MO), (+)-naloxone (5 ng; Dr. Evans, NIDA). All drugs were dissolved in a HEPES-buffered ringer (pH 7.8).

Spinal cord slice preparation {#S15}
-----------------------------

Parasagittal slices (300 μm) of the spinal cord were prepared, as described^[@R12]^. Slices were allowed to recover for 1 h in artificial cerebrospinal fluid (ASCF) containing (in mM): 126 NaCl, 2.5 KCl, 2 MgCl~2~, 2 CaCl~2~, 1.25 NaH~2~PO~4~, 26 NaHCO~3~, 10 glucose.

Patch-clamp recordings from L~I~ neurons {#S16}
----------------------------------------

Voltage clamp recordings were performed as described^[@R12]^. The following intrapipette solutions were used: for whole cell experiments involving measurements of E~GABA~ under Cl^−^ load, (in mM): 115 K-methylsulfate, 25 mM KCl, 2 MgCl~2~, 10 HEPES, 4 ATPNa, 0.4 GTPNa, 0.1% Lucifer Yellow (LY), pH 7.2; for whole cell experiments to study evoked IPSCs, (in mM): 135 K-methylsulfate, 5 mM KCl, 0.5 EGTA, and the rest as above; for perforated patch-clamp recordings: 115 K-methylsulfate, 25 mM KCl, 2 MgCl~2~, 10 HEPES, 0.1% Lucifer Yellow (LY), 30 μg/ml gramicidin (Sigma), pH 7.2. Membrane potential measurements were corrected for liquid junction potential. Data were filtered at 5 kHz, digitized and acquired using the Strathclyde electrophysiology software (Dr. J. Dempster, University of Strathclyde, UK). GABA (1 mM) was puffed locally for 30 ms. The puff pipette was aimed toward the center of the neuronal somata, approximately 5 μm away from the recording pipette. Experimental E~GABA~ was extrapolated from the GABA~A~ I-V relationships. The difference between the experimental and the theoretical E~GABA~ (according to Hodgkin-Katz-Goldman equation) provides an estimate of Cl^−^ extrusion capacity as described^[@R14]^. Recordings of repeated eIPSCs were performed in the presence of bath-applied CNQX (10 μM) and APV (40 μM). IPSCs were evoked by focal electrical stimulation (100 μA, 200 μs). Trains of stimuli (25 pulses - 20Hz) were delivered every 20 s at 0 or −90 mV. Ten consecutive trains were averaged for subsequent analysis. In electrophysiological experiments, only neurons with resting membrane potential \< −50 mV and stable access resistance were included for subsequent analysis. No differences in access resistance were observed between morphine-treated (19.3±0.9 MΩ) and untreated neurons (20.2±1.1 MΩ). At the end of each recording session a photograph of the recorded neuron was acquired. Data analysis was performed off-line with Clampfit 10.2 (Molecular Devices).

Imaging of reverse Cl^−^ transport in L~I~ neurons {#S17}
--------------------------------------------------

Slices were labelled in ACSF containing 5 mM of the Cl^−^ indicator MQAE (N-6-methoxyquinolinium acetoethylester; Molecular Probes) and 0.2% pluronic in DMSO (Sigma) for 40--45 minutes at RT. Slices were then transferred to a perfusion chamber (2 ml/min) and extracellular MQAE was washed out for 30 minutes in the presence of (in μM): 1 TTX, 10 CNQX, 40 APV, 1 strychnine and 20 bicuculline to minimize KCC2-independent Cl^−^ transport. MQAE fluorescence was measured using a Zeiss LSM 510 laser scanning microscope coupled to a femtosecond pulsed Ti-Sapphire laser (Chameleon Ultra, Coherent, CA, USA) tuned at 750nm. Fluorescence was acquired through a 40X water-immersion objective (Zeiss, 0.8 NA) and, a band-pass filter (390--465 nm). Recorded cells were identified as L~I~ cells merging transmitted light and MQAE fluorescence. MQAE images were acquired every 5 s. After a control period of 75 s, perfusion solution was switched to ACSF containing 15 mM KCl (osmolarity adjusted using mannitol) to reverse Cl^−^ transport^[@R24]^. The average fluorescence from each cell body and was expressed as %ΔF/F~0~. Fluorescence lifetimes were measured in control and after Cl^−^ equilibrium was achieved in 15 mM extracellular KCl to obtain quantitative estimates of \[Cl^−^\]~i~ independent of \[MQAE\]~i~^[@R19]^. To ensure that measurements of rates of intracellular Cl^−^ loading were performed for comparable \[Cl^−^\]~i~, exposure to 15 mM KCl was initiated after sufficient incubation time, so that the steady-state \[Cl^−^\]~i~ was comparable in control and morphine conditions. MQAE lifetime was recorded with a Becker & Hickl SPC-830 module through the nondescanned port of the Zeiss LSM 510 using a band-pass filter (469/35 nm, Semrock, NY, USA) coupled to a laser block (short-pass 750 nm; Semrock). Photon emission was detected using a PMC-100-1 photosensor (Hamamatsu, Japan). Lifetime in each cell was averaged over the cell body area and extracted using SPCImage software (Becker & Hickl, Germany). Instrument response function of the detection path was acquired using a 80nm gold nanoparticle suspension to generate second-harmonic signal. Absolute \[Cl^−^\]~i~ was calculated from a calibration of the Cl^−^ dependence of MQAE lifetime as described^[@R19]^.

Microglia primary culture preparation {#S18}
-------------------------------------

Primary culture was prepared as described^[@R27]^. Briefly, mixed glial culture was isolated using postnatal (P1--P3) rat cortex and maintained for 10--14 days in DMEM medium containing 10% fetal bovine serum (Invitrogen, ON, Canada). Microglia separated by gentle shaking were plated, and treated with morphine (100 nM), morphine/naloxone (1 μM), morphine/(+)naloxone (1 μM), morphine/LPS-RS (1, 10, 100 ng/ml; Invivogen), morphine/TNP-ATP (10 μM; Sigma), morphine/PPADS (pyridoxal-phosphate-6-azophenyl-2′,4′-disulfonate, 10 μM; Sigma), morphine/TrkB-Fc (5 μg/ml, R&D Systems), or morphine/IgG-Fc (5 μg/ml, R&D Systems) once daily for 5 days. Control cultures were treated with either PBS or the above drugs in the absence of morphine once daily for 5 days.

Microglia calcium imaging {#S19}
-------------------------

Cells were incubated at RT for 30 min with Fura-2 AM (2.5 μM; Molecular Probes, OR, USA) in ACSF containing (in mM) NaCl 140, KCl 5.4, CaCl~2~ 1.3, HEPES 10, glucose 33, pH 7.35, osmolarity 315--320 mOsm. ATP (50 μM; Sigma) was bath-applied. Excitation light was generated from a 75 W xenon arc lamp and passed alternatingly through 340 or 380 nm bandpass filters^[@R56]^ (Omega Optical, VT, USA).

Microglia whole cell recording {#S20}
------------------------------

ACSF was as above, except for (in mM) MgCl~2~ 1 and CaCl~2~ 2. Pipettes contained (in mM): CsCl 140, MgCl~2~ 1, BAPTA 10, HEPES 10, pH 7.2 ATP (50 μM) was applied for 2 s using a fast-step perfusion system (SF-77B, Warner Instruments, CT, USA) and recorded using an Axopatch 1-D amplifier (Molecular Devices). The electrical signals were digitized with a DigiData 1200 (Molecular Devices) and filtered at 2 kHz.

Intrathecal injections of microglia {#S21}
-----------------------------------

These experiments were performed as described^[@R57]^. Briefly, prior to intrathecal injection, microglia cultures were washed out in PBS, removed from the dish surface using a cell scraper and collected in 100 μl of PBS. Cell density was measured using a cell counter and the volume of PBS adjusted to give a final density of 1000 cells/10 μl. This preparation was injected via lumbar puncture. Paw withdrawal threshold was tested prior to injection, after 1, 3, and 5 h. In a previous set of experiments with intrathecal catheter implants, microglia was shown to produced a significant effect on withdrawal reflex only when administered dorsally, confirming a selective action at the SDH level ([Supplementary Fig. 3](#SD1){ref-type="supplementary-material"}).

Western blotting {#S22}
----------------

Cultured microglia were harvested and collected in 100 μl of PBS containing a phosphatase inhibitor cocktail (2%, Sigma) and a broad spectrum protease inhibitor (2%, Sigma). After centrifugation, the pellet was resuspended in 3% sodium dodecyl sulfate (SDS) containing 15% glycerol and 75 mM Tris-base. Total protein was measured using a BCA protein assay reagent kit (Pierce, IL, USA). Samples were heated at 95°C for 10 min in 2X sample buffer (Pierce), electrophoresed on a precast SDS polyacrylamide gradient gel (4%--12% Tris-HCl; Bio-Rad) and transferred onto a nitrocellulose membrane. After blocking, membranes were incubated with rabbit anti-P2X4R (1:1000; Alomone) or mouse anti-actin (1:5000; Sigma), followed by incubation with HRP-conjugated secondary antibody, ECL detection (Amersham) and densitometric quantification (Image J software, NIH). Rat spinal cords were rapidly dissected and frozen in liquid nitrogen. Spinal cord homogenates were separated on a precast SDS polyacrylamide gradient gel (4--12% Tris-HCl; Bio-Rad) or 4--12% Tris glycine gel (Invitrogen) and transferred onto nitrocellulose membrane. P2X4R detection was performed as described above. For KCC2 detection, gel loading was done in a Laemmli sample buffer (Biorad) containing 0.5% Lithium dodecyl sulfate (LDS) to solubilize KCC2. Membranes were incubated in PBS/milk (pH 7.4) and incubated overnight with the polyclonal rabbit anti-KCC2 (1:1000; Millipore, MA, USA, \#-07-432)^[@R23]^ at 4°C. Membranes were washed and incubated for 2 h at RT in rabbit specific secondary antibody then quantified by direct detection of secondary antibody fluorescence at 700 and 800nm (Odyssey Licor; USA). The relative amount of monomeric or oligomeric KCC2 was calculated as described^[@R23]^. Full-length blots are shown in [Supplementary Fig. 4](#SD1){ref-type="supplementary-material"}.

Histological procedures {#S23}
-----------------------

Rats or mice were anesthetized and perfused transcardially with 4% paraformaldehyde in 0.1 M PB (pH 7.4). Spinal cord sections were obtained as described^[@R58]^. Sections were incubated overnight at 4°C in rabbit anti-KCC2 1:1000, guinea pig anti-μ-receptor antibody 1:5000 (Neuromics, MN, USA), mouse OX-42 anti-CD11b 1:500 (Millipore) or 1:1000 (Serotec, NC, USA). After washing, sections were incubated at RT in a solution containing appropriate fluorochrome-conjugated secondary antibodies. Images were obtained with an Olympus FV300-IX71 confocal microscope (Olympus America Inc., NY, USA) for KCC2 staining or with a Leica TCS SP2 confocal microscope (Leica) for CD11b immunocytochemistry (ICC). Images of CD11b ICC from intrathecal saporin/saporin-mac1 experiments were acquired with a fluorescence microscope (Olympus). Laminar boundaries were identified as described^[@R58]^. Quantification was performed using ImageJ for CD11b ICC and using locally designed software for KCC2 (The MathWorks Inc., MA, USA). β-galactosidase activity in *P2rx4^−/−^* mouse spinal cords was revealed by incubation with a solution of X-Gal (1 mg/ml), 5 mM K^+^-ferrycyanide, 2 mM MgCl~2~, 0.2% Triton X-100 in PBS o.n. at 37°C. X-gal staining was quantified using ImageJ. No staining was detected in wild type mice.

Enzyme-Linked Immunosorbent Assay (ELISA) {#S24}
-----------------------------------------

Recovery of BDNF released from microglia was achieved using a Microcon YM-10 centrifugal filter device (Millipore). As described^[@R22]^, measurement of microglial BDNF was performed using a specific ELISA kit (detection range: 7.8 pg/ml to 500 pg/ml) with BDNF standards (7.82--500 pg/ml) and 100 μl of supernatant sample run in triplicate (Chemicon, CA, USA). Samples were washed and incubated with biotinylated mouse anti-BDNF monoclonal antibody, incubated with streptavidin-HRP conjugate, treated with 3,3′,5,5′-tetramethylbenzidine substrate and read by a spectrophotometer plate reader (Molecular Devices) at 450 nm. Samples were considered BDNF positive if their signal was higher than the background signal and within the range of the standard curve. Data were normalized to the control.

Statistics {#S25}
----------

All data are given as the mean ± s.e.m. As data distribution poorly fit with Gaussian distribution, non-parametric tests were used (unless otherwise stated). Differences between groups were tested by Mann-Whitney test or by Kruskal-Wallis test with *post-hoc* Dunn test. Repeated measures were analyzed by Friedmann test with *post-hoc* Dunnet test or Wilcoxon test. Fisher's exact test was used for contingency tables. Bi-exponential fittings were compared by F-test. Sample sizes are in line with those reported in similar studies. Differences were considered significant for *P* \< 0.05.
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![Repeated morphine administration causes hyperalgesia and tolerance\
**a--c**. Time course of morphine tolerance and pain hypersensitivity assessed by Hargreaves plantar test and von Frey filament in rats: **a.** Thermal pain threshold 1h after morphine (days 3--7 *vs* day 1, χ^2^: 61.5; ^\#^*P* \< 0.001) or saline injection (morphine *vs* saline at days 1--4, \**P* \< 0.05; \*\*\**P* \< 0.001); **b**. Thermal pain threshold before morphine (days 5--7 *vs* day 1, χ^2^: 20.7; ^\#^*P* \< 0.001) and saline injection (morphine *vs* saline at days 4--7, \**P* \< 0.05; \*\**P* \< 0.01); **c**. Mechanical pain threshold before morphine or saline injection. At day 7, threshold of morphine treated rats (*n* = 7) is significantly reduced as compared to day 1 (χ^2^: 13.58, ^\#^*P* \< 0.01) and to the saline group (*n* = 6; \*\**P* \< 0.01). **d--e**. Progressive increase in nociceptive behaviours in morphine-treated rats as compared to saline-treated controls: **d**. Percentage of vocalizing rats during subcutaneous injections (day 5--9 *vs* day 1, \**P* \< 0.05; \*\**P* \< 0.01); **e**. Licking time after thermal stimulation (day 0, *P* \> 0.05; day 7, U: 7, \**P* \< 0.05). **f**. Maximal running speed at day 0 and day 7 of saline or morphine injections assessed by rotarod before the morning injection (U: 21, *P* \> 0.05). All threshold values are normalized to the baseline. Abb.: PWT = paw withdrawal threshold; CTR = saline control; MS = morphine sulphate; RPM = revolutions per minute; error bars = s.e.m.](nihms3888f1){#F1}

![Morphine disrupts Cl^−^ homeostasis in L~I~ neurons\
**a--b**. Decrease in Cl^−^ extrusion capacity in L~I~ neurons after *in vivo* morphine treatments in rats: **a.** Responses to GABA 30 ms puffs following saline- or morphine-treatments in presence of a Cl^−^ load (29 mM). In *grey*, the response obtained at −55.5 mV. **b**. I-V relationships for GABA~A~ currents obtained from morphine-treated rats (*n* = 6 cells) is right-shifted as compared to controls (*n* = 5 cells); *dashed line* indicates the I--V relationship when Cl^−^ extrusion capacity is blocked by the KCC2 antagonist furosemide. **c**. Effect of in vitro morphine (1 μM, \> 3 h; *n* = 7 cells) on I--V relationships for GABA~A~ currents *vs* saline control (*n* = 6 cells). **d**. Pooled E~GABA~ of neurons shown in **b** (U: 2) and **c** (U: 6, \**P* \< 0.05). **e--f**. Cl^−^ accumulation under repetitive inhibitory input. **e**. Representative traces (average of 10 repetitions) from a control- *black*- and an in vitro morphine-treated L~I~ neuron- *grey*- clamped at −90 mV (*upper panel*); in the graph (*lower panel*), the rate of eIPSC amplitude depression during repetitive stimulation (20 Hz). Amplitude values are normalized to the first eISPC. No differences were observed (CTR: *n* = 6; MS: *n* = 4 cells; F: 0.8, *P* \> 0.05). **f**. Experiment in **e** repeated at 0 mV. Note the larger and faster eIPSC depression in morphine-treated neurons. Differences between morphine and controls are significant (CTR: *n* = 6; MS: *n* = 4 cells; F: 21.98, \**P* \< 0.05). **g**. Gramicidin-perforated patch clamp recording of GABA responses obtained at −60 mV in control --*red dotted line*- and from a morphine treated L~I~ neuron before (*in black*) and after ACTZ (50 μM; *in grey*; traces are scaled to the peak amplitude; *arrow* indicates the GABA puff). Note the biphasic response in the morphine neuron and the monophasic response following ACTZ. Below, I-V curves measured 1 s after the pulse (*black arrowhead*). Note the increased E~GABA~ difference before and after acetazolamide. **h**. Effect of intrathecal ACTZ (22.5 μg, from day 7 to 9) on morphine-induced mechanical (saline, *n* = 5; ACTZ, *n* = 5; U: 0, \*\**P \<* 0.01) and thermal (saline, *n* = 11; ACTZ, *n* = 9; U: 15.5, \**P \<* 0.05) pain hypersensitivity in rats. All threshold values are normalized to the baseline. *dashed line* is the baseline threshold. Abb.: PWT = paw withdrawal threshold; CTR = control; MS = morphine sulphate; ACTZ = acetazolamide; error bars = s.e.m.](nihms3888f2){#F2}

![Morphine effects on activity and expression of KCC2\
**a.** KCC2 immunostaining in rat L~I~ and L~II~ following 7 days of saline or morphine injections (scale bar, 50 μm). **b.** Western blot showing the total KCC2 expression in the dorsal and ventral horn from saline- and morphine-treated rats. Histograms show quantification of KCC2 expression normalized to the actin level in the dorsal (one-tail t-test, t: 2.1, \**P* \< 0.05) and ventral horn (one-tail t-test, t: −1.1, *P* \> 0.05). **c**. Western blot performed without β-mercaptoethanol to preserve KCC2 oligomerization. The histograms show quantification of KCC2 oligmer/monomer ratio in the dorsal (one-tail t-test, t: 2.1, \**P* \< 0.05) and the ventral horn (one-tail t-test, t: 0.6, *P* \> 0.05). **d--e.** Chloride imaging from rat spinal cord slices loaded with the Cl^−^ -sensitive dye MQAE. **d**. Pseudocolor images show lifetime maps from a control L~I~ neuron in presence of 2.5 or 15 mM KCl. Lifetimes from L~I~ neurons in control conditions (3.44 ± 0.34 ns, *n* =11 cells) were significantly shortened (reflecting quenching of MQAE fluorescence) 15 minutes after exposure to high extracellular KCl to reverse KCC2 transport (3.02 ± 0.24 ns, *n* =11; *P* \< 0.001). **e**. Representative traces of fluorescence intensity in control (*black*) and morphine-treated neuron (*grey*) showing the rate of intracellular Cl^−^ accumulation (%ΔF/F~0~) in the presence of 15 mM KCl. Steady-state lifetime measurements just prior to 15 mM KCl solutions were not different (3.37 ± 0.06 and 3.23 ± 0.06 ns in control *vs* morphine, respectively; corresponding to 7.0 ± 0.7 and 8.6 ± 0.8 mM of Cl^−^ in control *vs* morphine, respectively; U: 38, *P* \> 0.05). Abb.: CTR = saline control; MS = morphine sulphate; error bars = s.e.m.](nihms3888f3){#F3}

![Morphine-induced hyperalgesia depends on microglia activation\
**a**. CD11b expression in rat SDH following 5 days of saline or morphine treatment (scale bar, 30 μm) and fluorescence intensity quantification (CTR: 0.84 ± 0.06 i.u., *n* = 28 sections; MS: 2.78 ± 0.22 i.u., *n* = 34 sections; U: 8, *P* \< 0.001). **b--d.** Effects of intrathecal injection of anti-mac1saporin-conjugated antibody (*vs* saporin alone) on SDH CD11b expression, morphine-induced hyperalgesia and tolerance (intrathecal injections were performed from day 7 to 9 of morphine treatment): **b**. CD11b expression in SDH after microglia depletion with anti-mac1 antibody (scale bar 50 μm) (sap: 10.12 ± 1.32 i.u., *n* = 17 sections; mac-1-sap: 7.84 ± 2.23 i.u., *n* = 16 sections; U: 55, \*\**P* \< 0.01); **c.** Thermal pain threshold before morphine injection (mac1-saporin *vs* saporin alone at day 9, U: 1; \*\**P \<* 0.01); **d.** Thermal pain threshold 1h after morphine injection (day 9, U: 12, *P* \> 0.05). All threshold values in the figure are normalized to the baseline. Abb.: PWT = paw withdrawal threshold; CTR = control; MS = morphine sulphate; sap = saporin; mac1-sap = saporin-conjugated anti-mac1 antibody; error bars = s.e.m.](nihms3888f4){#F4}

![P2X4Rs in microglia are required for morphine-induced hyperalgesia\
**a.** Rat mechanical pain threshold 5 h after intrathecal injections of cultured microglia treated with morphine (100 nM, *n* = 7; H: 19.98, \*\**P* \< 0.01), morphine+TNP-ATP (*n* = 5, \**P* \> 0.05), morphine+PPADS (*n* = 8; \*\**P* \< 0.01), *vs* CTR (*n* = 7). **b--d**. Lack of hyperalgesia in *P2rx4^−/−^*mice: **b.** Thermal (*n* = 5 mice per group) and mechanical (*n* = 7 mice per group) pain threshold after 5 days of subcutaneous morphine injections in *P2rx4^+/+^* mice vs *P2rx4^−/−^* mice (U: 5 for mechanical and U: 2 for thermal test, \**P* \< 0.05). **c**. Licking time following mechanical stimulation of the paw (morphine-treated *P2rx4^+/+^ vs* morphine-treated *P2rx4^−/−^*, \**P* \< 0.05; \# significant differences compared to the baseline); **d**. Vocalizations produced by subcutaneous injections (morphine-treated *P2rx4^+/+^ vs* other groups, \**P* \< 0.05; \# significant differences compared to the baseline). **e--g**. Effect of intrathecal TNP-ATP (30 nmol) on MIH in rats: **e**. thermal pain threshold prior to morphine injection in vehicle (*n* = 8) vs TNP-ATP injected rats (*n*= 8; day 7, U: 13, \**P* \< 0.05); **f**. thermal pain threshold 1 h after morphine. **g**. Mechanical withdrawal threshold following TNP-ATP in morphine-treated rats measured prior to morphine injection (day 7, CTR, *n* = 6, TNP-ATP, *n* = 7; U: 0, \*\**P \<* 0.01). **h.** X-gal staining in *P2rx4^−/−^*mice (scale bar, 30 μm). The percentage SDH staining area of control (3.6 ± 0.3%, *n* = 5 sections) and morphine-treated mice (4.8 ± 0.3%, *n*=12 sections; U: 10, \**P* \< 0.05). **i--j.** Increased expression and function of P2X4R in morphine-treated (100 nM) microglia cultures: **i**. Expression of P2X4R after morphine treatment normalized to the saline controls for 1 day (d1, *n* = 7 trials), 3 days (d3, *n* = 7) and 5 days (d5, *n* = 7; H: 19.35, \*\*\**P* \< 0.001); **j**. ATP-mediated currents in morphine-treated microglia over 5 days (peak current normalized to the pre-ATP baseline: 1.6 ± 0.2; *n* = 12 cells; U: 91, \**P* \< 0.05) *vs* control (1.0 ± 0.1; *n* = 28 cells). All threshold values in the figure are normalized to the baseline. Abb.: PWT = paw withdrawal threshold; CTR = control; MS = morphine sulphate; a.u. = arbitrary unit; X-gal = 5-bromo-4-chloro-indolyl-galactopyranoside; error bars = s.e.m.](nihms3888f5){#F5}

![Altered Cl^−^ homeostasis in spinal neurons and morphine-induced hyperalgesia are depend on P2X4R-BDNF-TrkB signaling\
**a**. ELISA-based measurement of BDNF release from cultured microglia treated with 100 nM morphine (*n* = 14 trials, H: 30.17, \*\*\**P* \< 0.001), morphine + TNP-ATP (*n* = 5, *P* \> 0.05), morphine + PPADS (*n* = 5, \*\*\**P* \< 0.001), morphine + apyrase (*n* = 5; *P* \> 0.05) *vs* saline (*n* = 14). **b**. Rat mechanical withdrawal threshold 5 h after intrathecal injection of morphine treated microglia (*n* = 7; H: 23.66, \*\**P* \< 0.01), morphine+TrkB-Fc (*n* = 7; *P* \> 0.05), morphine+IgG-Fc (*n* = 7; \*\**P* \< 0.01), *vs* CTR (*n* = 7). **c--d**. Effect of anti-TrkB antibody (1 μg/ml) on morphine-induced shift of E~GABA~ in L~I~ neurons *in vitro*: **c**, I--V relationships for GABA~A~ currents after incubation with morphine (*n* = 12 cells), morphine+anti-TrkB (*n* = 7) or in control (*n* = 6) and, **d**, the respective E~GABA~ values (H: 11.16, \**P* \< 0.05). **e--f**. Effect of intrathecal injections in rats of ACTZ and anti-TrkB on morphine-induced pain hypersensitivity and tolerance by Hargreaves plantar test: **e.** Thermal withdrawal threshold prior to morphine in ACTZ- (22.5 μg, *n* = 9), anti-TrkB- (30 μg, *n* = 7) and vehicle-injected rats (*n* = 11; day 9, \**P* \< 0.05; *arrows* indicate injections); **f**. Thermal pain threshold 1h after morphine in ACTZ-, anti-TrkB- and vehicle-injected groups (ACTZ *vs* control group at days 8--9; \**P* \< 0.05; *arrows* indicate injections). All threshold values are normalized to the baseline. Abb.: PWT = paw withdrawal threshold; CTR = control; MS = morphine sulphate; Anti-TrkB = anti-TrkB blocking antibody; ACTZ = acetazolamide; error bars = s.e.m.](nihms3888f6){#F6}

![Genetic deletion of BDNF from microglia abrogates development of morphine-induced hyperalgesia, but not tolerance\
**a--c**: Assessment of morphine-induced hyperalgesia in CD11b-Cre^+^/LoxBDNF mice (*n* = 7) vs LoxBDNF mice (*n* = 7): **a**. Effect of 5 days of morphine on mechanical threshold (F: 3.499, \**P* \< 0.05); **b**. licking time following mechanical stimulation of the hindpaw (H: 16.21, \*\**P* \< 0.05); **c**. and vocalizations produced by subcutaneous injections. **d**--**e**: Assessment of morphine antinociception in CD11b-Cre^+^/LoxBDNF mice (*n* = 7; \**P* \< 0.05) vs LoxBDNF mice (*n* = 7): **d.** Time course of antinociceptive response to a single dose of morphine in morphine naïve mice; **e.** Morphine dose-response curves following 5 days of morphine or saline injections in CD11b-Cre^+^/LoxBDNF mice (*n* = 7) vs LoxBDNF mice (*n* = 7). The rightward shift in morphine-treated animals indicates the development of morphine tolerance in both CD11b-Cre^+^/LoxBDNF and LoxBDNF mice, with no significant differences between the two genotypes. ED50 in saline injected controls were: LoxBDNF mice 3.5±0.3 mg/Kg, CD11b-Cre^+^/LoxBDNF 3.3±0.3 mg/Kg (*P* \> 0.05); ED50 in morphine-treated mice were: LoxBDNF 16.5±1.0 mg/Kg and CD11b-Cre^+^/LoxBDNF 14.3±1.1 mg/Kg (*P* \> 0.05). **f**. Naloxone-precipitated withdrawal syndrome in CD11b-Cre^+^/LoxBDNF mice (CTR, *n* = 3; MS, *n* = 6) vs LoxBDNF mice (CTR, *n* = 5; MS, *n* = 5). Withdrawal cumulative score was significantly higher in both morphine treated groups as compared to the saline controls, but no differences were detected between CD11b-Cre^+^/LoxBDNF and LoxBDNF mice. All threshold values are normalized to the baseline. Abb.: PWT = paw withdrawal threshold; CTR = control; MS = morphine sulphate; error bars = s.e.m.](nihms3888f7){#F7}

![Activation of two separate signaling pathways is necessary for morphine-induced hyperalgesia\
**a--c**. Effect of intrathecal injections of low doses of (+)NL (5 ng) on morphine-induced pain hypersensitivity, tolerance and microglia activation: **a.** Thermal withdrawal threshold prior to morphine or saline injections in(+)NL or vehicle treated rats ((+)NL, *n* = 8; morphine+(+)NL, *n* = 7; morphine, *n* = 8; \**P* \< 0.05); **b**. Thermal pain threshold 1 h after treatment. **c.** CD11b immunostaining in rat SDH following 5 days of intrathecal morphine or morphine+(+)NL (scale bar, 30 μm) and quantification (CTR: *n* = 28 sections; MS: *n* = 34 sections; morphine+(+)NL: *n* = 34 sections; \*\*\**P* \< 0.001). **d**. L~I~ E~GABA~ following 3 h *in vitro* with (−)NL alone (*n* = 6 cells) *vs* morphine+(−)NL (*n* = 6; U: 14; *P* \> 0.05) and with (+)NL (*n* = 6) *vs* morphine + (+)NL (*n* = 8, U: 26; *P* \> 0.05). **e.** Mechanical withdrawal threshold 5 h after intrathecal injections of microglia cultures treated with morphine+(−)NL (*n* = 8; H: 12.97, \**P* \< 0.05), morphine+(+)NL (*n* = 5; \**P* \< 0.05) *vs* morphine alone (*n* = 7). **f.** Western blot analysis of P2X4R protein expression in microglia cultures following treatment with morphine (100 nM, *n* = 10 trials, H: 26.49, \*\*\**P* \< 0.001), morphine+(−)NL (*P* \> 0.05), morphine+(+)NL (*n* = 5, \*\*\**P* \< 0.001), (−)NL (*n* = 3, *P* \> 0.05), (+)NL (*n* = 6, *P* \> 0.05) *vs* saline (*n* = 10). **g.** ATP-evoked rise in intracellular \[Ca^2+^\] in cultured microglia treated with morphine (100 nM, *n* = 54 cells, H: 67.98, \*\*\**P* \< 0.001), morphine+(−)NL (*n* = 38, *P* \> 0.05), morphine+(+)NL (*n* = 40,\*\*\**P* \< 0.001), (−)NL (*n* = 15, *P* \> 0.05), (+)NL (*n* = 15, *P* \> 0.05), or saline (*n* = 35). **h.** Western blot of P2X4R protein from spinal cords isolated from rats treated for 5 days with intrathecal saline, morphine, morphine+(−)NL, morphine+(+)NL. **i.** ELISA-based measurement of BDNF release from microglia treated with morphine+(−)NL (*n* = 5 trials, H: 14.29, \*\*\**P* \< 0.001), morphine+(+)NL (*n* = 5,\*\*\**P* \< 0.001), *vs* morphine (*n* = 14). **j.** ELISA-based measurement of BDNF release from microglia treated with morphine (*n* = 4 trials, H: 15.84, \*\*\**P* \< 0.001), morphine+LPS-RS 1 ng/ml (*n* = 4,\*\*\**P* \< 0.001), morphine+LPS-RS 10 ng/ml (*n* = 4,\*\*\**P* \< 0.001), morphine+LPS-RS 100 ng/ml (*n* = 4,\*\*\**P* \< 0.001), LPS-RS 100 ng/ml (*n* = 4,\*\*\**P* \< 0.001) *vs* control (*n* = 4). **k**. Effect of morphine (escalating doses from 10 to 40 mg/kg intraperitoneally twice a day for 7 days) on mechanical sensitivity of TLR4 deficient C3H/HeJ mice (*n* = 11) *vs* the wild type C3H/HeOuJ (*n* = 8). Mechanical sensitivity index was calculated as (10-PWs)/PWs (10 = stimulations with 3.41 g calibrated filament; PWs = paw withdrawals). No differences were observed in the development of mechanical allodynia between mice groups (U: 30; *P* \> 0.05). All threshold values in the figure are normalized to the baseline. Abb.: PWT = paw withdrawal threshold; CTR = control; MS = morphine sulphate; (−)NL = (−)-naloxone; (+)NL = (+)-naloxone; LPS-RS = lipopolysaccharide from Rhodobacter sphaeroides; i.u.: intensity units; error bars = s.e.m.](nihms3888f8){#F8}
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